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The biochemical composition of the actomyosin 
network sets the magnitude of cellular traction 
forces

ABSTRACT The regulation of cellular force production relies on the complex interplay be-
tween a well-conserved set of proteins of the cytoskeleton: actin, myosin, and α-actinin. De-
spite our deep knowledge of the role of these proteins in force production at the molecular 
scale, our understanding of the biochemical regulation of the magnitude of traction forces 
generated at the entire-cell level has been limited, notably by the technical challenge of mea-
suring traction forces and the endogenous biochemical composition in the same cell. In this 
study, we developed an alternative traction-force microscopy (TFM) assay, which used a com-
bination of hydrogel micropatterning to define cell adhesion and shape and an intermediate 
fixation/immunolabeling step to characterize strain energies and the endogenous protein 
contents in single epithelial cells. Our results demonstrated that both the signal intensity and 
the area of the focal adhesion (FA)–associated protein vinculin showed a strong positive cor-
relation with strain energy in mature FAs. Individual contents from actin filament and phos-
phomyosin displayed broader deviation in their linear relationship to strain energies. Instead, 
our quantitative analyzes demonstrated that their relative amount exhibited an optimum ra-
tio of phosphomyosin to actin, allowing maximum force production by cells. By contrast, al-
though no correlation was identified between individual α-actinin content and strain energy, 
the ratio of α-actinin to actin filaments was inversely related to strain energy. Hence, our re-
sults suggest that, in the cellular model studied, traction-force magnitude is dictated by the 
relative numbers of molecular motors and cross-linkers per actin filament, rather than the 
amounts of an individual component in the cytoskeletal network. This assay offers new per-
spectives to study in more detail the complex interplay between the endogenous biochemi-
cal composition of individual cells and the force they produce.

INTRODUCTION
Mechanical forces are central to many physiological processes, in-
cluding morphogenesis (Heisenberg and Bellaïche, 2013; Murrell 
et al., 2015), migration (Maiuri et al., 2015; Leal-Egaña et al., 2017), 
division (Sedzinski et al., 2011), and differentiation (McBeath et al., 
2004; Kilian et al., 2010). All these events involve tight regulation of 
both the magnitude and the spatial distribution of the contractile 
forces at the levels of the cell and tissue (Murrell et al., 2015; Agar-
wal and Zaidel-Bar, 2019).

At the macromolecular level, the tight regulation of cellular force 
depends on key parameters including substrate stiffness (Lo et al., 
2000), adhesive-ligand density (Reinhart-King et al., 2005), cell area 
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(Califano and Reinhart-King, 2010), and shape (Rape et al., 2011). At 
the molecular level, the regulation of force production and transmis-
sion relies on a complex interplay between a well-conserved set of 
proteins of the cytoskeleton. In essence, force originates from the 
interactions between actin filaments and nonmuscle myosin II 
(Chrzanowska-wodnicka and Burridge, 1996; Katoh et al., 1998; 
Koenderink and Paluch, 2018). Indeed, the initial generation and 
magnitude of traction force by these actomyosin structures are de-
termined by the amount of active myosin and the local alignment 
and connectivity of actin filaments (Bendix et al., 2008; Thoresen 
et al., 2011; Reymann et al., 2012; Luo et al., 2013; Ennomani et al., 
2016; Linsmeier et al., 2016). Hence, the remodeling of actin fila-
ment by the action of cross-linkers, in particular of α-actinins, plays 
a key role in regulating the mechanical properties of the network (Xu 
et al., 1998) and can give rise to the formation of stress fibers 
(Lazarides and Burridge, 1975; Langanger et al., 1986). Such stress 
fibers are essential for tension generation against the extracellular 
matrix (ECM), via focal adhesion (FA) complexes, and propagate 
contractile forces throughout the cell (Deguchi et al., 2005; 
Naumanen et al., 2008; Chang and Kumar, 2013). In turn, the degree 
of contractile force transmitted to the cell surroundings depends on 
the composition, size and dynamics of FA complexes (Elosegui-
Artola et al., 2016).

However, it remains less clear how the magnitude of the traction 
force is regulated by the numerous different proteins and the inter-
play between these proteins in the actomyosin networks and cell 
adhesion complexes. Although the role of this set of proteins in 
force regulation appears to be well conserved (Murrell et al., 2015), 
the relative amount, biochemical state, and structural organization 
can vary locally within a cell and more globally between cells, thus 
affecting the magnitude of cellular traction force (Kurzawa et al., 
2017). This lack of clarity is notably reflected in the relationship be-
tween force and the characteristics of the FA, which remains contro-
versial, as observations made in migrating cells or in cells overex-
pressing adhesion proteins have not been reproduced in other 
cellular contexts. Thus, FA size and force were shown to be corre-
lated only during the initial steps of the FA maturation process 
(Stricker et al., 2011). The linear relationship described between the 
size of individual adhesions above 1 µm2 and the amount of local 
force (Balaban et al., 2001) does not hold when supermature FAs 
above 8 µm2 (Goffin et al., 2006) or smaller FAs, in which the stress 
is highly variable (Tan et al., 2003), are considered. Moreover, a 
counterintuitive relationship was described in migrating cells, in 
which small FAs at the leading edge were associated with strong 
forces, in contrast to larger FAs at the trailing edge being associated 
with weaker forces (Beningo et al., 2001).

Traction force microscopy (TFM), a method that maps the force 
at the cell surface by measuring deformations of the underlying sub-
strate, greatly helped in identifying the molecular components in-
volved in force production and regulation (Dembo and Wang, 1999; 
Kraning-Rush et al., 2011). However, despite its extensive use, this 
straightforward technique includes a disruptive step of cell removal, 
precluding further characterization of the biochemical composition 
of the cellular network responsible for the production of traction 
force. In the case of FAs in particular, the characterization of their 
molecular morphometry has been limited to live observations of 
fluorescent proteins fused to paxillin or vinculin, thereby preventing 
the assessment of endogenous levels of these proteins (Balaban 
et al., 2001; Möhl et al., 2012; Plotnikov et al., 2012). Other methods, 
including 2D micropillars (Tan et al., 2003; Biais et al., 2012), DNA-
based sensors (Grashoff et al., 2010), and reference-free techniques 
(Bergert et al., 2016; Banda et al., 2019), provide alternative ways to 

measure intracellular forces without requiring cell detachment and 
therefore permit further cell characterization. However, these other 
methods also have intrinsic limitations (Roca-Cusachs et al., 2017). 
Micropillars interfere with cell behavior due to the noncontinuous 
nature of the pillars, their topography, and the fact that cell adhe-
sions are geometrically constrained (Trichet et al., 2012; Bergert 
et al., 2016; Griffin et al., 2019). DNA force-based sensors can mea-
sure precisely the maximal force produced by cells, but not the 
lower values, and in addition, do not provide information about 
force directionality (Wang and Ha, 2013). Global or local deforma-
tions of micropatterned cells are not precise enough to investigate 
the finer aspects of how traction force is regulated (Tseng et al., 
2011; Pushkarsky et al., 2018; Ghagre et al., 2021). Hence, alterna-
tive methods are required to evaluate the relationship between trac-
tion force and the biochemical composition of the cytoskeletal net-
work in the same cell.

To evaluate how the traction force exerted by a cell is related to 
the biochemical composition of its cytoskeletal networks, we have 
developed an alternative TFM method. In this method, epithelial 
cells were grown on a micropatterned substrate to normalize cell 
shape and size and a fixation and an immunolabeling step were 
included before the cell detachment required for traction force 
computation. This method enabled us to study the relationship be-
tween strain energy, as a readout of force exerted by these cells on 
their substrates, and the amounts of vinculin, F-actin, phospho-
myosin, and α-actinin at the level of the entire cells. In this cellular 
context, our results identified a strong positive correlation between 
strain energy and the total area and signal intensities of vinculin 
present in mature FAs. In contrast to vinculin, actin and phospho-
myosin individual content displayed broader deviations in their lin-
ear relationship to the strain energies, and thus appear as less 
straightforward and reliable predictors of force. Instead, our data 
suggested that the relative content of phosphomyosin per actin 
exhibited an intermediate and optimum ratio maximizing the pro-
duction of force by the cells. Finally, although no correlation was 
identified between strain energy and the individual amount of α-
actinin, strain energy was inversely related to the ratio of α-actinin 
to F-actin and phosphomyosin.

RESULTS
Development of a modified traction force microscopy assay
To study how the intrinsic composition of the cytoskeletal network 
relates to the traction force exerted by cells on their substrates, we 
adapted the conventional TFM assay and focused on a set of pro-
teins involved in intracellular force generation and transmission: vin-
culin, actin filament, phosphomyosin, and α-actinin.

In the standard TFM assay, traction forces are calculated from the 
displacement of an array of fluorescent beads in a gel substrate: the 
positions of the beads are imaged first when the cell is attached to 
and deforms the gel (Figure 1A, Step 1) and then after the cell is 
removed by trypsinization and the gel is in relaxed configuration 
(Figure 1A, Step 2). In our adapted assay after Step 1, the cell was 
imaged after being fixed and stained with fluorescently labeled an-
tibodies (Figure 1B). The cell was then removed, and the traction 
forces were calculated by bead displacement from Step 1,as we no-
ticed that the fixation procedure led to a significant but not full re-
laxation of the gel (Supplemental Figure 1A).

The cytoskeleton molecular composition and organization can 
vary drastically from one cell to another, and as both parameters 
are intimately linked to the force generation process, studying how 
they relate to each other turns out to be challenging in a heteroge-
neous cell population. We therefore plated human retinal pigment 
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epithelial-1 (RPE-1) cells on soft dumbbell-shaped fibronectin mi-
cropatterns to minimize this inherent variability (Figure 1C). The 
micropattern length of 59 µm was selected because it corresponds 
to the average length of the RPE-1 cell (Vignaud et al., 2021). Refer-
ence marks were also included in proximity to the micropatterns, to 
ensure the correct localization of individual cells through all of the 
steps of the TFM assay (Figure 1C), and to support a computational 

correction on the alignment of the beads based on a cross-correla-
tive approach at the end of the assay (Supplemental Figure 1B).

As previously described (Vignaud et al., 2021), most cells were 
able to attach and spread fully on the fibronectin micropattern within 
4 h (Supplemental Figure 2A). Cells not fully spread on the micropat-
tern or extending their protrusions outside of the micropatterned 
area were excluded from the analysis (Supplemental Figure 2B). As 
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--> Force (steps 1-2)

1-Deformed gel configuration - with cell

2-Reference gel configuration - no cell

Cell detachment by trypsin

Modified TFM assay
--> Force (steps 1-3) + molecular 

composition (step 2) 
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2-Partial gel relaxation
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FIGURE 1: Development of a modified TFM assay including a fixation and labeling step enabling the concomitant 
traction force measurement and intracellular composition analysis. (A) Scheme displaying the two steps of a standard 
TFM assay. (B) Scheme of the modified TFM assay including an intermediate fixation and immunolabeling step of the 
cells. (C) Left panel: scheme of the dumbbell-shaped micropattern and its associated dimensions. Middle panel: 
representation of the micropattern in a field of view used for imaging and of the fiduciary marks in the corners used for 
the rotation correction. Right panels: representative low-magnification images of the dumbbell shaped micropatterns 
and fiduciary marks (Fibrinogen-cy3) used for retrieving the exact sample position between the different steps of the 
TFM process. Image scale bars = 100 µm. (D) Selected images of RPE-1 cells immunostained for vinculin, F-actin 
(phalloidin-ATTO488), p-MLC, α-actinin 4, and the associated traction stress maps computed in the same cells. Image 
scale bar = 10 µm. Force scale color bar in Pa.
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expected (Vignaud et al., 2021), the FA protein vinculin was mainly 
localized in the cell above the two main adhesive areas of the mi-
cropattern (Figure 1D). Additionally, two peripheral prominent stress 
fibers containing actin, phosphomyosin, and α-actinin spanned the 
nonadhesive area between these adhesion points (Figure 1D). The 
strain energies ranged from 0 to 2.5 pJ, as previously described for 
the same experimental conditions using the conventional TFM 
method (Vignaud et al., 2021).

These results show that, even with partial relaxation of the gel 
during fixation and the sample repositioning step after the immuno-
labeling, strain energy and the molecular composition of the cyto-
skeleton can be measured in the same cell, thereby validating our 
experimental approach.

Correlation between focal adhesion area, vinculin content, 
and force in mature focal adhesion
The modified TFM assay was first used to investigate the controver-
sial relationship between cell strain energy and FA complexes, using 

vinculin as a marker, because it is found in both focal complexes 
(DePasquale and Izzard, 1987) and larger and more stable FAs (Gei-
ger et al., 2001). Given that the cells were plated on the micropat-
terns several hours before the TFM assay, the FAs were considered 
to be fully matured and not subject to turnover, as would be found 
in motile cells. Key FA parameters, the overall size of the areas of 
positive vinculin staining (vinculin adhesion area) and the overall sig-
nal intensity of vinculin staining, were captured and processed using 
a focal adhesion analysis server (FAAS) (Figure 2A; see Materials and 
Methods). The entire cell was selected for the FA analysis because 
we have previously shown that traction forces applied to the ECM at 
anchorage points were generated not only by prominent stress fi-
bers, but also by actin mesh in which these structures are embed-
ded (Vignaud et al., 2021).

Interestingly, although cell shapes were standardized by the mi-
cropattern substrate, the total vinculin adhesion areas and total vin-
culin signal intensities displayed large variations between cells 
(Figure 2, A and B). The associated strain energies also exhibited a 
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FIGURE 2: Total cellular vinculin content and area represent good predictors of cell strain energy. (A) From top to 
bottom: images of RPE-1 cells labeled for vinculin; corresponding binary images obtained following image thresholding 
by intensity; associated traction stress maps. Image scale bar = 10 µm. Force scale color bar in Pa. (B) Top panel: 
scatterplot of the strain energy (pJ) as a function of total vinculin area (µm2). The corresponding Pearson correlation 
coefficient and R2 are indicated on top of the plot. Data were pooled from two independent experiments. Color-coded 
points following the trend of an exponential regression were selected and the corresponding cells and traction stress 
maps highlighted in Top panel with the same colors. Bottom panel: scatterplot of the strain energy (pJ) as a function of 
total vinculin signal intensity (au). The Pearson correlation coefficients and corresponding R2 are indicated on top of the 
plot. N = 1 experiment. (C) From top to bottom: representation of averaged intensity projections of vinculin 
immunostainings from cells displaying increasing strain energy (n = 33 cells for each image). Averaged strain energy 
values for each group is indicated at the bottom left of the image. Image scale bar = 10 µm.
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large heterogeneity among the cells analyzed. We first observed 
that total vinculin adhesion area was related to strain energy, so that 
strain energy increased exponentially with the increase in vinculin 
adhesion area (Figure 2, A and B, Top panel; R2 = 0.51). In addition, 
vinculin signal intensity was positively correlated to strain energy 
(Figure 2, A and B, Bottom panel; Pearson = 0.71; R2 = 0.51). These 
results indicate that both total vinculin adhesion area and signal in-
tensity are good predictors of the magnitude of traction force in 
stationary cells. Moreover, the vinculin signal was not uniformly in-
tense throughout the adhesive area of the micropattern but was 
mainly confined to the periphery of the cell in areas corresponding 
to the lamellum region (Figure 2C). With greater strain energies, this 
adhesion pattern formed beltlike structures of increasing length, but 
not thickness, above the circumference of each of the two circular 
parts of the micropattern. Hence, these results suggest the exis-
tence of a mechanism limiting the extension of FA toward the more 
internal part of the cell.

Correlation between strain energy and total or stress 
fiber–related F-actin content
We next tested whether the heterogeneity in the magnitude of 
traction forces observed was associated with actin filament con-
tent. The relationship between actin filament and traction force 
was investigated using FITC-phalloidin staining (Figure 3). Actin 
filament content was measured throughout the cell (Figure 3A) 
and within the two stress fibers that formed at the periphery of 
the long edge of the cell between the adhesive areas (Figure 
3B). As with vinculin, total actin filament content in the entire cell 
and within stress fibers varied between cells. Nevertheless, total 
cellular actin filament content was linearly related to strain en-
ergy (Pearson = 0.57, R2 = 0.32; pink dots and box in Figure 3, A 
and C, respectively); and total actin filament content within stress 
fibers was linearly related to strain energy (Pearson’s r = 0.55, 
with R2 = 0.30). Unexpectedly, the correlation coefficients for ac-
tin filament content in the entire cell or within stress fibers were 
almost identical, showing that actin filament in stress fibers; that 
is, the structures dedicated to force production did not represent 
a better predictor of force than the total cellular actin filament 
content.

Although correlated with force, the values for actin filament con-
tent in the entire cell or within stress fibers were dispersed around 
the linear trend in the correlations with strain energy (Figure 3, A and 
B). For example, cells displaying the same amounts of actin filament 
had a wide range of strain energies, from 0.2 to 1.4 pJ (green dots 
and box in Figure 3, A and C, respectively). Conversely, cells display-
ing the same strain energy had a wide range of actin filament con-
tent (orange dots and box in Figure 3, A and C, respectively). This 
suggested that actin filament content could only partially predict 
traction force magnitude, and therefore other factors were involved 
in traction force generation.

Correlation between strain energy, phosphomyosin, and 
actomyosin content
The relationship between the motor activity of myosin and traction 
force was investigated using phosphomyosin light-chain staining 
(phosphomyosin). The phosphomyosin signal in the entire cell var-
ied between cells and was linearly related to strain energy (Pearson 
= 0.67, R2 = 0.45; pink dots and box in Figure 4, A and B, respec-
tively). The correlation coefficient was higher than that for total actin 
filament with strain energy, indicating that phosphomyosin repre-
sents a better predictor of traction force magnitude than F-actin. 
Nevertheless, cells displaying the same amount of phosphomyosin 

had a wide range of strain energies, and conversely, cells displaying 
the same strain energy had a wide range of phosphomyosin content 
(green and orange dots and boxes in Figure 4, A and B, respec-
tively). Therefore, as with actin filament content, this suggested that 
phosphomyosin content could only partially predict traction force 
magnitude.

Given the weak correlations of actin filament and phospho-
myosin content with strain energies, and the known functional 
interrelationship between actin filament and myosin, we then 
combined phosphomyosin staining with actin filament staining in 
the modified TFM assay. We postulated that traction forces might 
scale linearly with phosphomyosin and actin content, as more 
phosphomyosin in the actin network should increase the contrac-
tility. First, we observed that phosphomyosin content was linearly 
related to total F-actin content (Pearson = 0.71, R2 = 0.5 in Figure 
4C, left panel); and second, the linear relationships with strain 
energy were confirmed for both phosphomyosin content and ac-
tin filament content (as illustrated by the color-coded representa-
tion of the strain energy in between the two dashed lines; Figure 
4C, left panel). Unexpectedly, we also observed that outside of 
this linear regime, forces dropped drastically (below 0.5 pJ) de-
spite the presence of a large amount of either actin filaments or 
phosphomyosin. This suggested that the value of the actomyosin 
was key to setting the magnitude of traction forces exerted by 
cells, so we next decided to plot the ratio of phosphomyosin to 
actin filaments versus strain energy (Figure 4C, right panel). The 
ratio of phosphomyosin to actin filament content displayed no 
correlation with strain energy (Pearson = -0.006, R2 = 3.38 × 10-5). 
More interestingly, an intermediate and optimum ratio (in be-
tween the two dashed lines) was required for cells to produce 
high forces (defined as above 1 pJ). For low phosphomyosin/ac-
tin filament ratios, corresponding to the case where the propor-
tion of actin filaments to phosphomyosin was higher than the 
averaged trend, the forces measured were below 0.5 pJ. The op-
posite trend appeared deleterious as well: when phosphomyo-
sin/actin filament ratio was higher than the average, cells were 
limited to the same low range of force. These results showed that 
although, when considered individually, larger amounts of actin 
or phosphomyosin correspond to higher force, an optimal bal-
ance between total amount of phosphomyosin and actin filament 
exists and leads to maximization of the production and transmis-
sion of traction forces.

Correlation between strain energy, α-actinin content, and 
α-actinin/F-actin and α-actinin/phosphomyosin ratios
Unlike the other evaluated contractile-network proteins, no correla-
tion was identified between α-actinin content in the entire cell and 
strain energy (Figure 5A; Pearson’s r = 0.08, R2 = 0.007), suggesting 
that the relative proportion of this crosslinker compared with the ac-
tin filament may be more meaningful. When α-actinin was consid-
ered together with actin filament in the same cells, α-actinin content 
was linearly related to actin filament content (Pearson r = 0.59, R2 = 
0.35 in Figure 5B, left panel). However, in contrast to the phospho-
myosin/actin filament ratio, the strain energies appeared maximal 
when the ratio of α-actinin to actin filament content was low. To ex-
plore further the relationship between α-actinin and actin filament 
relative content, we next plotted the strain energy as a function of the 
ratio of these protein contents (Figure 5B, right). We observed that 
the increase in α-actinin to actin filament ratios was associated with 
an exponential decay of force (R2 = 0.48). This result indicated that for 
high α-actinin/actin filament ratios, meaning that α-actinin levels 
were high for a given amount of actin filament, the transmission of 
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FIGURE 3: Total actin filament and SF-related actin filament contents display linear increase with force but exhibit 
broad variations from this trend. (A) Top panel: image of an RPE-1 cell depicting the area used for measurement of total 
F-actin signal (yellow box). Image scale bar = 10 µm. Bottom panel: scatterplot of the strain energy (pJ) as a function of 
total actin signal (au). The Pearson correlation coefficient and corresponding R2 are indicated on top of the plot. 
Different color-coded points were selected on the plot and the corresponding cells and traction stress maps are 
highlighted in the images in C. Pink indicates cells following a linear regression; orange: cells exerting the same level of 
strain energy but displaying high variability in actin content; green: cells displaying the same actin content but high 
variability in strain energies. (B) Top panel: image of an RPE-1 cell depicting the area used for measurement of F-actin 
signal integrated over the stress fibers (red lines). Image scale bar = 10 µm. Bottom panel: scatterplot of the strain 
energy (pJ) as a function of F-actin signal in peripheral stress fibers (au). The Pearson correlation coefficient and 
corresponding R2 are indicated on top of the plot. (C) Top panels: images of RPE-1 cells labeled for actin (phalloidin-
ATO-488). Bottom panels: corresponding traction stress maps. Image scale bar = 10 µm. Force scale color bar in Pa. The 
color-code refers to the points highlighted in the scatterplot in A.

force to the substrate was limited to a low range of force, below 0.4 
pJ (Figure 5B, right panel, and c). In contrast, high force production 
was limited to cells displaying low α-actinin ratios to actin filaments. 
Intriguingly, these results differed from the bell-shaped contractile 
response previously described for actin networks in vitro (Bendix 
et al., 2008; Alvarado et al., 2013; Ennomani et al., 2016), as no force 
drop was registered at low actinin/actin filament ratios. Instead, they 
show that in cells, a low amount of cross-linker per actin filament is 
required to generate high forces.

To explore further the contribution of the couple phosphomyosin–
α-actinin in relationship to force, we also studied the variation of 
both protein contents and their associated traction forces in the 

same cells (Supplemental Figure 3A). As in the case of the total α-
actinin and actin filament content, the total α-actinin and phospho-
myosin content were positively correlated, reaching a plateau for 
high α-actinin values (Pearson’s r = 0.37; R2 = 0.14). The strain ener-
gies also appeared maximal when the ratio of α-actinin to phospho-
myosin was low. This is further illustrated when the ratio of the two 
protein contents was plotted as a function of the strain energy (Sup-
plemental Figure 3B), where we can observe that the increase in the 
α-actinin/phosphomyosin ratio is accompanied by an exponential 
decay of force (R2 = 0.59). These results altogether demonstrate that 
high force production is limited to cells displaying low α-actinin per 
F-actin and phosphomyosin content.
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DISCUSSION
The implementation of an intermediate immunolabeling step in the 
standard TFM assay allowed us to evaluate the relationship between 
the traction force exerted by single epithelial RPE-1 cells onto their 
underlying substrate and the endogenous biochemical composition 
of their actomyosin network and adhesion machinery. Although the 
analyzed cells adopted a standardized shape on the dumbbell mi-
cropatterns, there were wide variations between cells in strain ener-

gies and signals from the cytoskeletal components, such that these 
heterogeneities helped identify relationships across the cell popula-
tion between strain energy and the cytoskeletal components.

Hence, we identified vinculin content as a reliable predictor of 
force (Figure 2B), in agreement with the structural role of FAs as 
being the convergence point of all the traction forces produced 
in cells (Chang and Kumar, 2013). Previous studies, in which mea-
surements were performed at the scale of individual focal 
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adhesions, reported different if not opposing views on the rela-
tionship between FA composition/size and force, depending on 
the cellular context of the study (Balaban et al., 2001; Tan et al., 
2003; Stricker et al., 2011; Trichet et al., 2012; Oakes and Gardel, 
2014). In particular, a positive correlation between individual FA 
size and local traction force was observed only during the initial 
stages of FA assembly in migrating cells, but was no longer valid 
for mature FA (Stricker et al., 2011). Under our conditions, cells 
were not migrating, and measurements were performed at the 
entire cell-level several hours after cell spreading on micropat-

terns, showing that this positive correlation between FA size and 
force still holds in mature FAs. In addition, we observed that FAs 
formed a dense peripheral beltlike structure. The length and vin-
culin staining intensity of this belt, but not its thickness, were 
greater with higher traction force, to the extent that this belt ap-
peared as a continuous structure above the circumference of 
each of the two circular parts of the micropattern (Figure 2C). 
This result suggested that the shape and size of this peripheral 
belt reflected the balance between outward growth by tensional 
forces (Mack et al., 2004) and inward translocation by retrograde 
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flow (Zamir et al., 2000; Alexandrova et al., 2008). This balance 
may contribute to the regulation of the maximal force produced 
by the cell.

Both phosphomyosin and actin filament content displayed posi-
tive correlations with traction forces exerted by cells (Figures 3A and 
4A), in agreement with the main role played by myosin pulling on 
actin filaments to generate intracellular contractility (Thoresen et al., 
2011; Reymann et al., 2012; Stachowiak et al., 2012). However, their 
individual contents only partially predicted traction-force magnitude 
and the production of high traction forces appeared to require both 
phosphomyosin and F-actin in an optimum ratio (Figure 4C). This is 
consistent with the complex functional roles of myosin pulling on 
actin filaments in generating intracellular force (Thoresen et al., 
2011; Reymann et al., 2012; Stachowiak et al., 2012) and in cross-
linking and disassembling actin filaments (Haviv et al., 2008; Wilson 
et al., 2010; Reymann et al., 2012; Stachowiak et al., 2014; Matsuda 
et al., 2018).

In contrast, α-actinin content alone was unable to predict 
traction-force magnitude (Figure 5A), even though it plays a key 
role in the regulation of forces (Oakes et al., 2012; Senger et al., 
2019). However, the α-actinin/phosphomyosin and α-actinin/F-
actin ratios were negatively correlated with the magnitude of 
traction forces (Supplemental Figure 3B and Figure 5B). This last 
result appeared to differ from the bell-shaped curve relationship 
between contractile force and α-actinin/actin ratios described 
for actin networks in vitro (Bendix et al., 2008; Alvarado et al., 
2013; Ennomani et al., 2016). One hypothesis is that there was 
redundancy between α-actinin and other cross-linkers, such as 
fascin, which plays a critical role in SF organization and traction 
force generation (Elkhatib et al., 2014), and those crosslinkers 
functioned in the absence of α-actinin. Another possible expla-
nation is that myosin, through its cross-linking activity (Laevsky 
and Knecht, 2003; Choi et al., 2008), could stabilize the actin 
network and maintain the connectivity of the network in the 
presence of very low α-actinin levels. We also cannot exclude 
the possibility that cells displaying very low amount of α-actinin 
per actin filament and exerting weak traction forces were not 
included in the analysis because they failed to spread entirely on 
the micropattern.

Our results further indicated that actin filament content in the 
entire cell was as good as a predictor of traction-force magnitude as 
the F-actin content in stress fibers (Figure 3, A and B). Also, the corti-
cal meshwork represented about half of the total actin filament sig-
nal intensity in this cell line. This suggested that stress fibers and the 
cortical meshwork contributed equally to traction-force generation. 
In agreement with this conclusion, FAs were found not only at the 
anchorage points of prominent stress fibers, but also all around the 
adhesive edge of the micropattern, where no prominent bundles 
were observed (Figure 2, A and C), indicating that the cortical mesh-
work of actin filaments was actively pulling on the substrate via 
these anchorage points, as suggested elsewhere (Kumar et al., 
2019; Vignaud et al., 2021).

In conclusion, our method, in addition to being precise, unbi-
ased by the topography of the substrate, can be used to evaluate 
the relationship between traction forces and endogenous proteins 
in different cellular contexts. Although the use of standard fluoro-
phores for marking proteins, beads, and micropatterns limited the 
characterization to two proteins at a time, our method has the po-
tential to expand the repertoire of proteins evaluated in a single cell 
by application of spectral multiplexed imaging with DNA-PAINT 
technology (Jungmann et al., 2014; Wang et al., 2017; Wade et al., 
2019).

MATERIALS AND METHODS
Request a protocol through Bio-protocol.

Photomask design
The photomask was designed using CleWin software and then man-
ufactured by TOPPAN Photomasks. The dumbbell-shaped micropa-
ttern (Figure 1C) was designed as previously described in (Vignaud 
et al., 2021). The micropattern consisted of two disks of diameter 12 
µm separated by a center-to-center distance of 47 µm. The disks 
were connected by a 1 µm–wide line guiding the cells during their 
spreading between the disks. The micropattern was oriented at 45° 
to the horizontal, thereby providing the greatest separation be-
tween adjacent micropatterns and avoiding the beads’ displace-
ment from adjacent cells to be detected in the imaging field of view. 
Every third dumbbell micropattern was numbered (Figure 1C) in 
both horizontal and vertical directions for redundancy in finding 
cells.

Fiduciary marks were designed in addition to the dumbbells in 
order to retrieve the exact sample location during the different steps 
of the process including sample removal from the microscope stage. 
The camera field of view when a 60× objective was used was 113.6 
× 113.6 µm. A single vertical and horizontal array of circles (diameter 
113.6 µm, center–center distance 227.2 µm) intersecting at the cen-
ter of the pattern field divided the sample into four quadrants. At 
the center of the pattern field, where the arrays of circles inter-
sected, the letters A, B, C, D were placed as shown in Figure 1C. 
These arrays of circles and the letters were used for preliminary 
translation and rotation alignment on the microscope. On the four 
vertices of each region, with the dumbbell/letter/circle patterns in 
the center, a set of small symbols (+, o, □) of width and height 10 µm 
and line thickness 2 µm were used for the final manual rotation cor-
rection. When these were present at the vertices of the camera field 
of view, the gel was considered to be aligned, achieving a rotation 
error of less than 1°.

Preparation of micropatterned polyacrylamide gels
Patterned polyacrylamide hydrogels were prepared following the 
guidelines previously described in Vignaud et al. (2014). A quartz 
photomask was first cleaned for 3.5 min with oxygen plasma (AST 
product, 300 W) at 200 W. Micropatterns were then incubated with 
0.1 mg/ml PLL-g-PEG (JenKem Technology ZL187P072) in 10 mM 
HEPES, pH 7.4, for 30 min. After dewetting, the mask was exposed 
under deep UV for 5 min. Next, micropatterns on the mask were 
incubated with a mix of 10 µg/ml fibronectin (#F1141, Sigma) and 
20 µg/ml fibrinogen-Alexa-Fluor-647 conjugate (#F35200, Invitro-
gen) in 100 mM sodium bicarbonate buffer, pH 8.4, for 30 min. A 
mix of acrylamide (8%) and bis-acrylamide solution (0.264%; Sigma) 
corresponding to a theoretical Young modulus of 19.66 kPa was 
degassed for approximately 30 min, mixed with 0.2 µm PLL-PEG 
covalently coated fluorescent beads (Fluorosphere #F8810, Life 
Technologies), and sonicated before addition of APS and TEMED. A 
quantity of 25 µl of that solution was added on the micropatterned 
photomask, covered with a silanized coverslip (Silane, #M6514, 
Sigma), and allowed to polymerize for 25 min before being gently 
detached in the presence of sodium bicarbonate buffer. Micropat-
terns were stored overnight in sodium bicarbonate buffer at 4°C 
before cells were plated.

Cell culture
Human telomerase-immortalized retinal-pigmented epithelial cells 
(hTERT RPE-1 from ATCC® CRL-4000™) were grown in a humidi-
fied incubator at 37°C and under 5% CO2 in DMEM/F12 medium 

[AQ 3]

[AQ 4]

https://en.bio-protocol.org/cjrap.aspx?eid=10.1091/mbc.e21-03-0109
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supplemented with 10% fetal bovine serum and 1% Antibiotic-Anti-
mycotic (Thermo Fisher Scientific). Cells were plated on patterned 
polyacrylamide gels at approximately 15,000 cells/ml and left to 
spread for 3 to 4 h before imaging.

Imaging process for traction force microscopy assay
Traction force mapping and immunostainings were performed and 
imaged on a Nikon confocal spinning-disk system (Eclipse Ti-E) 
equipped with a CSUX1-A1 Yokogawa confocal head and an Evolve 
EMCCD camera from Gataca Systems. A 20× objective was used for 
initial placement of the sample on the field of view (PlanAPO 
20×/0.75). At this magnification, a 3 × 3 array of the patterns fit 
within the imaging window. The sample was rotated to the correct 
orientation using the alignment marks next to the micropatterns. It 
was then translated using the numbering next to the patterns as a 
reference to get to the center of the pattern field, which contains the 
patterned letters A, B, C, and D (Figure 1C). The 60× oil objective 
was then used for acquisition following minor rotation and transla-
tion adjustments to get one of the letters within the field of view, 
with the alignment marks appearing at the four corners of the imag-
ing window. The stage position of the chosen letter was recorded to 
be used as a reference when the system was realigned for imaging 
the sample at the different steps of the process.

Well-spread individual cells on the micropatterns were selected 
by manually scanning the gel and their positions were recorded, 
along with the fiduciary marks. Live cells, together with their micropa-
tterns and the beads corresponding to the deformed gel configura-
tion, were first imaged. Following sample removal from the stage 
top, cells were then prepermeabilized, fixed, and labeled using the 
antibodies of interest. The sample was then placed back on the stage 
top and moved to the reference position recorded earlier. A realign-
ment to the reference letter chosen earlier at 20× was made and mi-
nor corrections were then performed at 60×. The cells were next im-
aged for the fluorescent components (10 z slices, 0.75-µm spacing), 
the beads, and the micropatterns. During the whole process, the 
temperature was maintained at 37°C and the gels were kept in a wet 
environment to avoid any changes in the gel mechanical properties.

To detach cells, the samples were left overnight in 10× TGS buf-
fer (BIO-RAD, 161-0772), washed four times with phosphate-buff-
ered saline (PBS), and then treated with TryplE reagent (Life Tech-
nologies, 12605-010) for 1 h at 37°C. The cells detached on 
pipetting vigorously onto the surface of the gel. After cell detach-
ment, the gels were placed back on the stage top incubator and 
realigned and the positions were reimaged for the beads and 
micropatterns.

Fixation and labeling
For labeling p-MLC, α-actinin, and vinculin, cells were prepermeabi-
lized in 0.5% Triton X-100 in Cytoskeleton buffer, pH 6.1, for 10 s 
and then immediately fixed in 4% paraformaldehyde in Cytoskele-
ton buffer with 10% sucrose, pH 6.1, for 20 min at room tempera-
ture. The cells were washed twice in Cytoskeleton buffer to get rid 
of excess paraformaldehyde and the fluorescence was then 
quenched in 0.1-M ammonium chloride for 10 min and then washed 
thrice in PBS. A solution of 1% BSA and 10% FBS in PBS was used 
for blocking for 1 h at room temperature before the sample was in-
cubated overnight at 4°C in a humid chamber with appropriate dilu-
tions of primary antibodies in PBS, 1% BSA, and 0.1% Tween.

The following antibodies were used: anti-phosphomyosin light 
chain 2 (#3671, CST), anti-α-actinin (#05-384, Millipore), anti-α-
actinin4 (19096-1-AP, Protein tech), anti-vinculin-clone hVIN-
1(V9131, Sigma), anti-rabbit Alexa Fluor-488 (A21441, Molecular 

Probes), and anti-mouse Alexa Fluor-546 (A11003, Invitrogen). For 
the data set where actin alone was imaged, prepermeabilization 
was not performed. The cells were fixed, washed thrice in PBS, and 
labeled for F-actin using Phalloidin-FITC (#P5282, Sigma).

Image Processing
Analyses were performed using Matlab and ImageJ software. A 
maximum-intensity projection of the z-stacks of each set of fluores-
cently labeled cells was first created. The images were rotated by 
45° to have the long axis of the cell horizontal in the image, cropped 
to 300 × 300 pixels with the cells in the center. The average signal 
intensity in a 50 × 50–pixel region at the top of the cropped image 
was calculated for background subtraction. The sum of the signal in 
all the pixels after the background was subtracted provided the rela-
tive measure of the total protein content in each cell. From all the 
cells imaged, only those with two well-established stress fibers, one 
on either side of the long axis of the cell, were chosen for quantifica-
tion of the fluorescent signal and TFM analysis. To isolate the signal 
from the stress fibers, the images were processed in ImageJ. A seg-
mented line of width 5 pixels (1.11 µm) was drawn over each of the 
two stress fibers present in each cell (red lines in Figure 3B). The 
signal intensity integrated under the line was obtained using the 
measure tool integrated density from ImageJ. The sum of the noise-
subtracted signals from the two stress fibers of each cell was taken 
as a measure of the relative protein content in these structures.

Translation and rotation correction were performed using the 
normxcorr2 function in custom written functions. Translation correc-
tion done using the peak in the normalized cross-correlation matrix 
(C) between the reference bead image (with force, Figure 1A) and 
the bead image to be corrected (relaxed configuration, Figure 1A). 
The normalized cross-correlation between the with-force image and 
the translation-corrected image (“translation corrected”) rotated by 
0.1° in both clockwise and counterclockwise directions is calculated. 
The direction with the highest value of C is chosen to be the direc-
tion of rotation (b). The rotation and calculation of C, correcting for 
translation at each step, is iteratively done, comparing the C for the 
nth iteration with that for the (n – 1)th iteration until the first iteration 
where C decreases. The angle of rotation is given by (n – 1) × ±0.1°, 
depending on the direction of rotation. The final translation and ro-
tation correction values are then propagated to the pattern and cell 
images. Similarly, translation and rotation correction are done for 
the image of the partially relaxed gel (Figure 1B) with respect to the 
with-force image and the correction is propagated to the images of 
the pattern and fluorescently labeled components. The code and 
functions are available upon request.

Measurement of cell traction forces with ImageJ
Data were analyzed with a set of macros in Fiji using the method 
previously described in Martiel et al. (2015). Displacement fields 
were obtained from fluorescent bead images before and after re-
moval of cells by trypsin treatment. Bead images already corrected 
for rotation and translation as described earlier were paired and re-
aligned with a macro that corrected with subpixel accuracy (tem-
plate matching). Displacement fields were calculated by particle 
imaging velocimetry, which uses a normalized cross correlation–
based method with an iterative scheme. Final vector-grid size was 
1.55 × 1.55 µm. Erroneous vectors were discarded owing to their 
low correlation values and replaced with the mean value of the 
neighboring vectors. Fourier-transform traction cytometry was used 
to compute the traction force field, with a regularization parameter 
set to 3.2 × 10–10. Force vectors located outside of the micropattern 
area were discarded for calculation of strain energy.
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Data analysis
Vinculin quantification was performed using the Focal Adhesion 
Analysis Server (Berginski et al., 2011; Wu et al., 2012; https://faas.
bme.unc.edu/) with default settings. We used two global parame-
ters for the quantification: the total adhesion area per cell and the 
total adhesion signal, respectively the sum of the area and the signal 
of the detected adhesion structures.

Data plotting
For multiparametric representation, graphs have been produced us-
ing R (https://www.r-project.org/) and RStudio (https://rstudio.
com/), relying on the use of the “plot3D” package (Karline Soetaert, 
plot3D: Tools for plotting 3-D and 2-D data, http://cran.r-project.
org/web/packages/plot3D/vignettes/plot3D.pdf).

Statistical analysis
Statistical analysis and chart design were performed using Graph-
pad Prism 6 (www.graphpad.com) and R version 3.4.0 together with 
RStudio version 1.0.143.
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ETOC: 

The endogenous content of proteins associated with force production and the resultant traction forces were quantified in the same cells 
using a new traction force-microscopy assay. Focal adhesion size correlated with force in stationary cells. Relative numbers of motors 
and cross-linkers per actin required an optimum to maximize cell force production.
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